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Abstract
Daptomycin is a last-line antibiotic commonly used to treat vancomycin-resistant 
Enterococci, but resistance evolves rapidly and further restricts already limited 
treatment options. While genetic determinants associated with clinical daptomycin 
resistance (DAPR) have been described, information on factors affecting the speed 
of DAPR acquisition is limited. The multiple peptide resistance factor (MprF), a 
phosphatidylglycerol-modifying enzyme involved in cationic antimicrobial resistance, 
is linked to DAPR in pathogens such as methicillin-resistant Staphylococcus aureus. 
Since Enterococcus faecalis encodes two paralogs of mprF and clinical DAPR mutations 
do not map to mprF, we hypothesized that functional redundancy between the 
paralogs prevents mprF-mediated resistance and masks other evolutionary pathways 
to DAPR. Here, we performed in vitro evolution to DAPR in mprF mutant background. 
We discovered that the absence of mprF results in slowed DAPR evolution and is 
associated with inactivating mutations in ftsH, resulting in the depletion of the 
chaperone repressor HrcA. We also report that ftsH is essential in the parental, but 
not in the ΔmprF, strain where FtsH depletion results in growth impairment in the 
parental strain, a phenotype associated with reduced extracellular acidification and 
reduced ability for metabolic reduction. This presents FtsH and HrcA as enticing 
targets for developing anti-resistance strategies.
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1  |  INTRODUC TION

Enterococci are a major healthcare concern due to their association 
with hospital acquired infections (HAIs). Enterococci accounted for 
14% of all HAIs in the United States from 2011 to 2014 and 10% 
of HAIs in Europe in 2010, where Enterococcus faecalis comprise 
the majority of enterococcal HAIs, contributing up to 64.7% glob-
ally from 1997 to 2016 (Pfaller et  al.,  2019; Weiner et  al.,  2016; 
Zarb et al., 2012). Enterococci cause a variety of infections includ-
ing catheter-associated infections (CAUTI), endocarditis, perito-
nitis, colitis, diabetic foot ulcers, surgical site infections (Edmond 
et  al.,  1999; Hidron et  al.,  2008; Murdoch et  al.,  2009; Patterson 
et  al.,  1995; Weiner et  al.,  2016). Many of these infections are 
biofilm-associated, rendering them inherently more tolerant to an-
tibiotics and difficult to treat (Ch'ng et al., 2019).

An additional challenge in treating Enterococcal infections is 
their intrinsic and acquired resistance to antimicrobials, includ-
ing last-line drugs such as vancomycin (Hollenbeck & Rice, 2012; 
Miller et al., 2014). For example, infections caused by vancomycin-
resistant Enterococci (VRE) are associated with increased 
mortality rates, lengthened hospital stays, and higher treat-
ment and infection control costs (Carmeli et  al.,  2002; Mascini 
& Bonten,  2005; Miller et  al.,  2020; Prematunge et  al.,  2016; 
Reinseth et al., 2020; Song et al., 2003). Treatment of VRE infec-
tions typically involves the use of antibiotics of last resort such as 
linezolid and daptomycin (Patel & Gallagher,  2015). Daptomycin 
(DAP) is a lipopeptide antibiotic with broad activity against Gram-
positive bacteria. It is positively charged when complexed with 
its calcium cofactor and targets the negatively charged bacterial 
membrane wherein it oligomerizes to cause membrane disruption, 
ion leakage, and eventual cell death (Steenbergen et  al.,  2005; 
Taylor & Palmer,  2016). Daptomycin bactericidal activity is also 
conferred by its ability to disrupt fluid membrane microdomains 
during membrane insertion. This results in delocalization of pro-
teins essential for cell wall synthesis that are located within these 
fluid domains. Daptomycin membrane insertion also causes clus-
tering of fluid lipids resulting in hydrophobic mismatch between 
fluid and rigid membrane domains that cause proton leakage and 
membrane depolarization (Müller et  al.,  2016). Although DAP is 
typically effective in treating VRE infections, VRE can also acquire 
daptomycin resistance (DAPR), further reducing the already limited 
treatment options (Arias & Murray,  2012; Kelesidis et  al.,  2011; 
Miller et al., 2020; Munita et al., 2014; Munoz-Price et al., 2005; 
Shoemaker et  al.,  2006). While the rate of resistance to DAP in 
Enterococci is still relatively low at 0.1% for E. faecalis and 9% for 
E. faecium, DAPR co-occurrence with VRE has been reported in 
several meta-analyses in Australia and New Zealand from 2007 
to 2018, where 15% of vancomycin-resistant E. faecium are DAPR, 

and globally from 2003 to 2010, 93.3% of Enterococcal DAPR were 
VRE (Dadashi et al., 2021; Kelesidis et al., 2011; Li et al., 2021).

Given the clinical importance of DAP as a therapeutic and 
the emerging threat of resistance, enterococcal DAPR-associated 
mutations and resistance mechanisms have been characterized. 
Diverse genetic changes have been associated with DAPR in both 
clinical isolates and in vitro settings. In vancomycin-resistant E. fae-
calis DAPR patient isolates, mutations were identified in liaF (the 
negative regulator of the LiaFSR three-component system), gdpD 
(glycerophosphodiesterase), and cls (cardiolipin synthase), and sim-
ilar mutations in all three genes were recapitulated in in vitro evo-
lution of DAP-sensitive isolates to DAPR (Arias et  al.,  2011; Miller 
et  al.,  2013; Palmer et  al.,  2011). Additionally, in  vitro evolution 
also revealed DAPR-associated mutations not observed in clinical 
isolates such as in genes related to oxidative stress response (gsh, 
yybT, selA) and drug efflux (mdpA) (Miller et  al.,  2013). Similarly, 
mutations in cls and liaFSR have also been associated with DAPR in 
E. faecium from both in vivo clinical isolates and in vitro evolution 
of DAP-sensitive strains to DAPR (Li et al., 2022; Sinel et al., 2016; 
Tran, Panesso, Gao, et  al.,  2013; Wang et  al.,  2018). Mutations in 
liaF as well as in yvlB (a putative LiaFSR target) in DAPR strains sug-
gest involvement of LiaFSR-mediated membrane stress sensing 
(Arias et  al.,  2011, Miller et  al.,  2013). DAPR-associated mutations 
in gdpD and cls, decreased levels of phosphatidylglycerol (PG) and 
increased glycerophosphoryl-diglucosyldiacylglycerol (GPDGDAG), 
together with increased membrane rigidity and diversion of dapto-
mycin away from the septum in DAPR strains suggest that DAPR is 
mediated through membrane remodeling (Arias et al., 2011; Mishra 
et al., 2012; Rashid et al., 2017; Tran, Panesso, Mishra, et al., 2013). 
Further investigation showed that LiaFSR is indeed one of the key 
systems that senses antimicrobials and initiates membrane remod-
eling to confer antibiotic resistance in E. faecalis (Khan et al., 2019). 
Taken together, these mutations suggest common DAPR mecha-
nisms among Enterococci involving antimicrobial stress sensing and 
membrane remodeling.

Despite the current advances in understanding DAPR resistance 
mechanisms, information on factors that influence the rate of DAPR 
acquisition is scarce. A complete understanding of DAPR in terms 
of both factors directly affecting resistance and factors that influ-
ence the speed and likelihood of progression toward resistance are 
equally important in the pursuit of anti-resistance strategies to miti-
gate potential widespread resistance in the future.

DAPR has been similarly well-studied in Staphylococcus aureus, 
where DAPR is associated with mprF gain-of-function mutations and 
increased expression (Ernst et al., 2018; Mishra et al., 2009; Sabat 
et al., 2018; Sulaiman & Lam, 2021). Multiple peptide resistance fac-
tor (MprF) is a membrane-bound enzyme that aminoacylates phos-
phatidylglycerol (PG) in the inner leaflet of the membrane and flips 

K E Y W O R D S
chaperones, Daptomycin resistance, Enterococcus faecalis, ftsH, hrcA, multiple peptide 
resistance factor (mprF)



    |  1023NAIR et al.

it to the outer leaflet, resulting in a reduction in the overall negative 
charge of the membrane and giving rise to electrostatic repulsion 
of cationic antimicrobials (Bao et al., 2012; Ernst & Peschel, 2011; 
Rashid et  al.,  2016). Multiple peptide resistance factor mutations 
have not been reported in association with enterococcal DAPR. 
While there is only one mprF gene in the S. aureus genome, E. faeca-
lis and E. faecium encode two paralogs—MprF1 and MprF2—where 
MprF2 appears to be the major contributor to PG aminoacylation 
in E. faecalis (Bao et al., 2012; Rashid et al., 2023). We have also re-
ported that mprF is closely tied to global lipidome regulation and cell 
physiology, and the absence of mprF significantly alters membrane 
lipid composition resulting in altered membrane fluidity, reduced se-
cretion, and increased dependence on exogenous fatty acids (Rashid 
et  al.,  2023). Given its daptomycin protective effects, we hypoth-
esized that MprF redundancy afforded by its two encoding ortho-
logues may mask additional daptomycin resistance events that occur 
during in vitro and in vivo evolution of E. faecalis to DAPR.

To investigate this possibility, we conducted in vitro evolution to 
DAPR in mprF mutant backgrounds and discovered DAPR-associated 
mutations in several genes not previously associated with DAPR, 
including ftsH. FtsH is a conserved protease, and DAPR-associated 
mutations were only enriched in a ΔmprF1 ΔmprF2 background. Our 
data show that ftsH is essential in parental E. faecalis but not in the 
ΔmprF1 ΔmprF2 strain where its inactivation contributes to slowed 
evolution to DAPR. We found that FtsH indirectly affects the levels 
of the repressor of chaperone operons (HrcA), which in turn influ-
ences the speed of DAPR evolution. These findings provide evidence 
for a role of FtsH activity and HrcA in influencing DAPR acquisition.

2  |  RESULTS

2.1  |  Mutations in ftsH are enriched in ΔmprF1 
ΔmprF2 during in vitro evolution to DAPR

Since MprF activity contributes to DAPR in S. aureus, we investigated 
the contribution of the E. faecalis mprF paralogs to DAPR (Ernst 
et  al.,  2018; Mishra et  al.,  2009; Sabat et  al.,  2018). Based on 
DAP breakpoints for E. faecalis of ≤2 μg/mL (susceptible), 4 μg/
mL (intermediate), and ≥8 μg/mL (resistant) as listed by the Clinical 
and Laboratory Standards Institute (CLSI) (Satlin et  al.,  2019), the 
E. faecalis OG1RF strain used in this study is in the susceptible 
range for DAP resistance given its MIC of 2 μg/mL (Table 1). While 
the strain of E. faecalis used in this study is susceptible to DAP, a 
further deletion of mprF makes this strain hypersensitive to DAP 
relative to the wild-type parental strain, reducing the MIC in MHB 
II by twofold in ΔmprF2 and ΔmprF1 ΔmprF2, and in BHI by two-to 
fourfold in ΔmprF2 and fourfold in ΔmprF1 ΔmprF2 (Table 1). Hence, 
we hypothesized that the DAP-protective activity of MprF may mask 
resistance-associated mutations not previously detected in DAPR 
clinical isolates and in vitro evolution studies.

To test this hypothesis, we performed in vitro evolution to DAPR 
in mprF single and double mutants. Strains were first grown with 

DAP concentrations at 0.5X, 1X, and 2X their respective MIC. The 
highest DAP concentration in which cultures grew was defined as 
the highest growth permissive concentration (HGPC) for the first 
round. In the following round, cultures were grown at 0.5X, 1X, and 
2X of the preceding day's HGPC. This was done successively until an 
end point HGPC of 512 μg/mL DAP was achieved (Figure 1a). Using 
this approach, we were able to track the progression to DAPR over 
time by recording the HGPC values. We observed that wild-type 
and ΔmprF1 reached the end point HGPC at similar rates and times, 
whereas ΔmprF2 and ΔmprF1 ΔmprF2 progressed more slowly 
(Figure 1b). While ΔmprF2 and ΔmprF1 ΔmprF2 reached end point 
resistance at similar times, ΔmprF1 ΔmprF2 displayed slower evo-
lution in the initial phases from Day 1 to Day 15 as compared to 
ΔmprF2. This, however, cannot be fully explained by differences in 
phenotypic mutation rate since the mutation rates of the mprF mu-
tants are not significantly different from the wild-type (Figure 1c).

Clonal isolates were collected daily throughout evolution and 
sequenced to identify resistance-associated mutations in each ge-
netic background (Figure  1d; File  S1a,b). Mutations in cardiolipin 
synthase genes (cls1, cls2), previously implicated in E. faecalis DAPR 
(Arias et al., 2011; Miller et al., 2013), emerged during the interme-
diate stages of evolution (DAP HGPC of 16–64 μg/mL) in all genetic 
backgrounds. We did not observe enrichment of mutations in genes 

TA B L E  1  Daptomycin minimal inhibitory concentrations (MICs).

Strain MIC in BHI (μg/mL)

Wild-type E. faecalis (OG1RF) 4–8

ΔmprF1 4–8

ΔmprF2 2–4

ΔmprF1 ΔmprF2 2

ΔmprF1 ΔmprF2 passage control 16

ΔmprF1 ΔmprF2 ftsH(G37X) 8

trePP::Tn 4

gelE::Tn 4

yckE::Tn 4

cryZ::Tn 4

hrcA::Tn 2

lutA::Tn 4

carB::Tn 4

dnaJ::Tn 4

groEL::Tn 8

ΔdnaK 4

ΔliaR 0.5–1

ΔliaFSR 0.5

cls1::Tn Δcls2 4

Strain MIC in MHB II (μg/mL)

Wild-type E. faecalis (OG1RF) 2

ΔmprF1 1–2

ΔmprF2 1

ΔmprF1 ΔmprF2 1
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encoding the LiaFSR three-component system as described previ-
ously in DAPR strains (Arias et  al., 2011, Miller et  al., 2013); how-
ever, mutations in the gene encoding LiaX—an antimicrobial sensing 

component for LiaFSR (Arias et al., 2011; Khan et al., 2019; Miller 
et al., 2013; Reyes et al., 2015) arose at a similar intermediate time 
in all genetic backgrounds except ΔmprF1 ΔmprF2 (Figure  1d). 

F I G U R E  1  In vitro evolution of mprF mutants to DAPR reveal novel mutations. (a) Workflow for in vitro evolution. Strains to be evolved 
were first grown in media supplemented with 0.5X, 1X or 2X their respective DAP MIC (e.g., 4, 8, 16 μg/mL) for 24 hours. The highest 
concentration of DAP that allowed for growth is termed the highest growth permissive concentration (HGPC) (e.g., 8 μg/mL). In the 
following passage, the HGPC culture was subcultured at 0.5X, 1X, 2X the HGPC of DAP (e.g., 4, 8, 16 μg/mL). This is repeated continually 
until an endpoint HGCP of 512 μg/mL of DAP was achieved. (b) The mean HGPC of daptomycin over time for each strain is plotted against 
time. Error bars indicate standard deviation from eight parallel lines of evolution. (c) Mean mutation rate with standard deviation of mprF 
mutants from three replicates from independent experiments assayed by the Luria-Delbrück fluctuation assay which measures phenotypic 
mutation rates. Comparisons were made for each mutant against the wild type. Significance tested by permutation (10,000 shuffles within 
experimental groups to preserve the integrity of the experimental design) with Benjamini–Hochberg adjusted p-values to control false 
discovery in multiple comparisons. (d) Whole-genome sequencing across evolution reveals an ordered progression of acquired mutations, 
with enrichment of some mutants in specific mutant backgrounds. The sequence of occurrence of mutations is based of DAP HGPC where 
the mutation first occurred (early, ≤16 μg/mL; intermediate, ≤64 μg/mL; Late, ≤256 μg/mL). Detailed information of all mutations observed 
are displayed relative to sequence of occurrence in evolution in File S1a, and relative to number of observed occurrences per gene in 
File S1b.
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Mutations in liaX have previously been detected in an in vitro evo-
lution screen where the gene was annotated as “EF1753, conserved 
hypothetical protein,” and more recently detected in DAPR E. faecalis 
clinical isolates (Ota et al., 2021; Palmer et al., 2011). Mutations in 
genes encoding a predicted membrane protein (RS07740) and pre-
dicted HD domain protein (RS09725) were observed at intermediate 
and later stages of evolution (DAP HGPC >64 μg/mL), respectively, 
and in the wild-type and ΔmprF1 background. Additionally, mutation 
in a predicted AI-2E family transporter (RS02330) was also observed 
at later stages of evolution (DAP HGPC ≤256 μg/mL) only in the 
ΔmprF1 ΔmprF2 background. Interestingly, mutations in ftsH were 
only observed in the ΔmprF1 ΔmprF2 background, during the earli-
est stages of evolution (DAP HGPC ≤16 μg/mL) (Figure 1d). FtsH is 
a conserved ATP-dependent zinc-metalloprotease and is membrane 
bound and hexameric in nature (Bieniossek et al., 2006; Langklotz 
et al., 2012). The cellular processes that FtsH influences are diverse 
across different organisms and depends largely on the substrates 
that it targets (Deuerling et  al.,  1997; Kamal et  al.,  2019; Okuno 
& Ogura,  2013; Yepes et  al.,  2012). FtsH was chosen for further 

investigation due to the intriguing phenomenon where mutations 
are enriched in the ΔmprF1 ΔmprF2 background. The mutations in 
the other genes were not investigated in detail as their functions in 
DAPR are either already known in the case of cls, and liaX or protein 
identity and detailed functions are not well defined in the case of the 
remaining genes RS07740, RS02330, and RS09725.

2.2  |  FtsH is essential in the wild-type but not 
ΔmprF1 ΔmprF2

Many of the DAPR-associated ftsH mutations encode point muta-
tions clustered within the ATP-binding site of the AAA+ domain 
or result in a G37X nonsense mutation near the N-terminal region 
of ftsH, suggesting that these mutations likely result in a loss of 
function (Figure  2a).To determine the contribution of ftsH muta-
tions in DAPR evolution, the ftsH(G37X) loss-of-function truncate 
was chosen for introduction into the wild-type and ΔmprF1 ΔmprF2 
backgrounds on a plasmid using a constitutive sortase A promoter 

F I G U R E  2  Mutations in ftsH are conditionally permissible in ΔmprF1 ΔmprF2. (a) Map of single nucleotide polymorphism (SNP) mutations 
frequently observed in ftsH through evolution overlaid on where they occur with reference to conserved domains of FtsH. Diagrams 
showing the ftsH variants expressed—truncated FtsH(G37X) under constitutive expression (PsrtA) or full length but proteolytically inactive 
FtsH(H456Y) under nisin inducible expression (PnisA). Created with BioRe​nder.​com. (b) Growth curves of wild-type and ∆mprF1 ∆mprF2 with 
ftsH(G37X) expression. (c) ftsH(G37X) expression results in small and large colony variants in the wild-type, where large colony variants 
show reduced/absent inserts within the expression vector. (d) Growth curves of the wild-type with induced expression of either active ftsH 
or proteolytically inactive ftsH(H456Y). Error bars represent the standard error of mean from three biological replicates.

http://biorender.com
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(pGCP123-PsrtA) (Figure 2a). Since FtsH forms homohexamers, we 
expected that FtsH(G37X) would assemble with native, chromo-
somally encoded FtsH, causing dominant negative dysfunction of 
the enzyme complex (Langklotz et al., 2012; Liu et al., 2022; Niwa 
et  al.,  2002). Indeed, the expression of ftsH(G37X) resulted in 
slowed growth in wild-type, but not ΔmprF1 ΔmprF2 mutant cells 
(Figure 2b). Within the wild-type ftsH(G37X) expressing strain, log 
phase absorbance values were more variable than for the control 
strains (Figure  2b). We also noticed that small and large colony 
variants were only present in the wild-type ftsH(G37X) express-
ing strain and subsequent analysis revealed loss of or reduced 
ftsH(G37X) insert sizes within the large colony variants but not the 
small colony variants (Figure 2c). These results suggest that FtsH 
loss-of-function (FtsH-LoF) is not tolerated in the wild-type strain, 
but is permissible in ΔmprF1 ΔmprF2. To confirm this, a proteo-
lytically inactive ftsH variant—ftsH(H456Y) in which the conserved 
zincin motif within the protease active site was mutated as de-
scribed by others—was constructed and placed under nisin induc-
ible expression in a plasmid (pMSP3535-PnisA) (Arends et al., 2016; 
Bieniossek et  al.,  2006) (Figure  2a). As predicted, induction of 
6his-ftsH(H456Y) in the wild-type background resulted in slowed 
growth while the expression of 6his-ftsH showed similar growth as 
the empty vector control (Figure 2d). Moreover, attempts to intro-
duce the ftsH(G37X) mutation into the chromosome were unsuc-
cessful in the wild-type background, but was possible in ΔmprF1 
ΔmprF2 (data not shown). Taken together, these data show that ftsH 
is essential in a wild-type background and its LoF is tolerated only in 
a ΔmprF1 ΔmprF2 genetic background.

2.3  |  FtsH-LoF leads to metabolic impairments

To understand why an FtsH-LoF mutation caused a growth defect 
only in the wild-type genetic background, we examined the viability 
of cells constitutively expressing ftsH(G37X) or inducibly expressing 
ftsH(H456Y). We observed similar proportions of propidium iodide 
(PI) stained cells in both populations, suggesting that membrane 
permeability is not affected by FtsH-LoF (Figure S1a). We also ob-
served an increase in cell chaining upon FtsH-LoF in the wild-type 
(Figure S1b).

To gain further insight into FtsH-dependent growth defects, 
we performed RNA sequencing following induced expression of 
either 6his-ftsH or 6his-ftsH(H456Y). However, we did not observe 
any obvious expression differences in genes that would explain this 
phenomenon (File  S1c). Despite the lack of insight from the tran-
scriptomics data, we reasoned that the viability is unlikely to be 
affected since we observed no differences in PI staining and consid-
ered whether the slowed growth could be driven by altered metab-
olism. We therefore assessed the ability of the FtsH-LoF strains to 
reduce the resazurin dye to a fluorescent product using the Alamar 
blue assay as an indicator of electron flow in the membrane. We 
observed a decrease in fluorescence of the reduced resazurin dye 
in the wild-type strain constitutively expressing ftsH(G37X) as well 

as with induced expression of ftsH(H456Y), suggesting impairment 
in reductive metabolic activity when FtsH LoF occurs (Figure 3a,b).

We next considered the possibility that a shift in dominant cell 
metabolic pathways might explain the reduced metabolic activity. 
We performed Agilent Seahorse real-time cell metabolic analysis of 
extracellular acidification rates (ECAR) as an indirect measure of gly-
colysis, and oxygen consumption rate (OCR) as an indirect measure of 
oxidative phosphorylation in mid log phase cultures of wild-type and 
ΔmprF1 ΔmprF2 expressing both constitutive and induced expres-
sion of inactive ftsH variants. FtsH-LoF correlated with significantly 
reduced ECAR indicating reduced media acidification following the 
expression of inactive ftsH variants (Figure 3c–e). This was observed 
for both constitutive and inducible expression of FtsH inactive vari-
ants, and in both the wild-type and ΔmprF1 ΔmprF2. Hence, these 
data indicate a generalized decrease in ability to acidify the media 
under FtsH-LoF (Figure  3c–e). The Seahorse OCR measurements 
were also largely similar across all strains indicating similar oxidative 
phosphorylation rates (Figure S2a). FtsH-LoF also did not result in 
any significant changes in quantified ATP levels (Figure S2b). Overall, 
these findings suggest that reduced growth of wild-type cells ex-
pressing FtsH-LoF could be caused by reduced ability for metabolic 
reduction. Although the mechanism behind this phenomenon is un-
clear, we can rule out the contribution of oxidative phosphorylation 
and ATP production since they are similar across all strains.

2.4  |  Speed of evolution to DAPR is slowed under 
FtsH-LoF

Given that ftsH mutations were observed early in the slowed evolu-
tion of ΔmprF1 ΔmprF2 toward DAPR, we reasoned that these FtsH-
LoF mutations might either be the reason for the slowed evolution or 
could be priming ΔmprF1 ΔmprF2 to acquire other DAPR-associated 
mutations in the later stages (Figure 1). Thus, the ftsH(G37X) muta-
tion was introduced into the genome of ΔmprF1 ΔmprF2 for further 
investigation. As several days of passaging were carried out in low 
concentrations of DAP to encourage homologous recombination and 
retention of the ftsH(G37X) mutation in ΔmprF1 ΔmprF2, a parallel 
culture of ΔmprF1 ΔmprF2 was passaged under the same conditions 
to serve as a control strain for comparisons in subsequent assays. 
This strain will be referred to henceforth as ΔmprF1 ΔmprF2 passage 
control. ΔmprF1 ΔmprF2 ftsH(G37X) and ΔmprF1 ΔmprF2 passage 
control were subjected to in vitro evolution to DAPR where we ob-
served that ΔmprF1 ΔmprF2 ftsH(G37X) evolved at a slower speed 
than ΔmprF1 ΔmprF2, where under FtsH-LoF, the HGPC values were 
lower than the passage control at almost all time points and an addi-
tional 5 days was required to reach end point HGPC (Figure 4a). Since 
ΔmprF1 ΔmprF2 ftsH(G37X) displayed a twofold lower DAP MIC as 
compared to the ΔmprF1 ΔmprF2 passage control, it was possible 
that the increased DAP sensitivity at the outset of the experiment 
could explain the slowed evolution (Table 1). Thus, we calculated the 
fold-change of HGPC over time relative to the initial HGPC value 
at Day 1 (Figure 4b). The HGPC fold-change progression over time 
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similarly shows that ΔmprF1 ΔmprF2 ftsH(G37X) displays a slower 
evolution to resistance as compared to the ΔmprF1 ΔmprF2 passage 
control. Hence, these data suggest that the slowed evolution is not 

due solely to greater DAP sensitivity and initial HGPC at Day 1 and 
suggest that other contributing factors might be at play. This slowed 
evolution, however, cannot be explained by differences in mutation 

F I G U R E  3  FtsH loss of function (FtsH-LoF) leads to metabolic changes. Alamar blue assay measuring reductive metabolism of the FtsH-
LoF strains. Larger relative fluorescence units (RFU) values indicate higher activity of metabolic reduction. Fluorescence measured for (a) 
strains containing the pPsrtA vectors (t = 18 h), and (b) strains containing the pPnisA vectors (t = 3 h) post Alamar blue incubation. The reduced 
incubation time for strains in (b) is due to their tendency for fluorescence saturation at longer incubation times. Antibiotic selection and 
nisin induction were present throughout incubation with the Alamar blue reagent. Error bars represent the standard error of mean from 
three biological replicates. Tukey's test for ANOVA. ****p < 0.0001. (c–e) Extracellular acidification rate (ECAR) quantified from ftsH loss-
of-function strains using the Agilent Seahorse assay as an indirect measure of glycolysis. Error bars represent the standard error of mean 
from four biological replicates. Constructs in pPnisA plasmids are under a nisin inducible promoter induced with 25 ng/mL nisin, while pPsrtA 
plasmids are under a constitutive promoter. Dunnett's test for ANOVA. *p < 0.05; **p < 0.01; ***p < 0.001; ****p < 0.0001.
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rate where intriguingly we observe a significant increase in muta-
tion rate in ΔmprF1 ΔmprF2 ftsH(G37X) as compared to the ΔmprF1 
ΔmprF2 passage control (Figure 4c).

To determine whether any unique mutations were acquired 
under FtsH-LoF, end point DAPR ΔmprF1 ΔmprF2 ftsH(G37X) iso-
lates were sequenced. Similar mutations were detected in both 
ΔmprF1 ΔmprF2 and ΔmprF1 ΔmprF2 ftsH(G37X) DAPR isolates 
including cls1, cls2, liaX, and RS09725 (File S1d). Mutations in liaF 
which are also closely linked to DAPR in Enterococci, as well as 
in rpoC that are associated with DAPR in S. aureus were also ob-
served only in the ΔmprF1 ΔmprF2 ftsH(G37X) DAPR isolates (Arias 
et al., 2011; Miller et al., 2016). Mutations in other genes and in-
tergenic regions were also observed only in the ΔmprF1 ΔmprF2 
ftsH(G37X) DAPR isolates, but whether they are associated with 
DAPR or are just spontaneous mutations have yet to be determined 
(File S1d).

2.5  |  Proteomic investigation of FtsH-LoF reveals 
hrcA as a key driver of slowed evolution

To determine the mechanisms underlying the slowed evolution and 
growth phenotypes following introduction of ftsH(G37X) to the mprF 

mutant background, we investigated the proteomic consequence of 
FtsH-LoF in the wild-type background, by conducting peptide mass 
spectrometry on the whole cell lysates and membrane fractions of 
wild-type pMSP3535-6his-ftsH and wild-type pMSP3535-6his-
ftsH(H456Y) following overnight induction with nisin. This experi-
ment was performed in wild-type genetic background, instead of 
using the ΔmprF1 ΔmprF2 and ΔmprF1 ΔmprF2 ftsH(G37X) strains, 
to enable investigation of the growth phenotypes in tandem with the 
slowed evolution phenotype of FtsH-LoF. Proteomic changes com-
mon between the whole cell lysates and membrane were shortlisted, 
and proteomic changes that could be explained by transcriptomic dif-
ferences were filtered out (Table 2). From this short list, we identified 
several proteins that were depleted following FtsH-LoF (Table  2), 
which may be explained by compensatory activity of other pro-
teases such as the Clp protease, which was transcriptionally induced 
when FtsH was non-functional (Log2FC for clpP = 1.63; clpE = 1.34; 
clpB = 1.24, clpC = 1.15) (File S1c). Of the four proteins that accumu-
lated in the FtsH-LoF strain (Table 2), ArcB and a putative amidase 
(RS02510) were shown to be likely substrates of FtsH by assessing 
protein stability and FtsH-dependent degradation under FtsH-LoF 
(Figure S3).

We hypothesized that the accumulation or depletion of these 
proteins might explain the slowed growth observed from FtsH-LoF 

F I G U R E  4  FtsH-LoF slows speed of evolution to DAPR and increases basal mutation rates in the ΔmprF1 ΔmprF2. (a) Mean highest 
growth permissive concentration (HGPC) of DAP across time from in vitro evolution of ΔmprF1 ΔmprF2 ftsH(G37X) and ΔmprF1 ΔmprF2 
passage control to DAPR of HGPC of 512 μg/mL DAP. (b) Fold-change of HGPC across time of (a), to take into account and to correct for 
the difference in starting HGPC. Error bars indicate standard deviation from nine parallel lines of evolution. (c) Mean mutation rate with 
standard deviation of mprF mutants from three replicates from independent experiments assayed by the Luria–Delbrück fluctuation assay 
which measures phenotypic mutation rates. The comparison was made between ΔmprF1 ΔmprF2 passage control against ΔmprF1 ΔmprF2 
ftsH(G37X). Significance tested by permutation (10,000 shuffles within experimental groups to preserve the integrity of the experimental 
design).
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in the wild-type. We examined each of the depleted proteins either 
with transposon mutants (yckE::Tn, lutA::Tn, gelE::Tn, trePP::Tn, car-
B::Tn, cryZ::Tn, hrcA::Tn) (Kristich et al., 2008) or by CRISPRi silencing 
of genes for depleted proteins that were not available in the trans-
poson library (lysS and pyrB) (Afonina et al., 2020). To mimic accu-
mulation of proteins, arcB, RS08610, cls1 and RS02510 were cloned 
into a nisin inducible plasmid for induced overexpression. This panel 
of mutants was assayed for growth and we observed that trePP::Tn, 
lysS silencing, and overexpression of RS02510 resulted in slowed 
growth, indicating that these gene products could be contributing to 
the growth defect observed in a wild type genetic background with 
FtsH-LoF (Figure S4a–f).

We next subjected the same panel of transposon mutants 
to in vitro evolution to DAPR to determine their contribution to 
the slowed evolution in ΔmprF1 ΔmprF2 ftsH(G37X). However, 
in the initial evolution assay, all strains had a similar profile as 
wild-type where the HGPC of every strain was saturated at the 
assay's upper selection limit (2X HGPC) for most of the assay 

making it hard to distinguish any difference between the strains 
(data not shown). To overcome this limitation, evolution was 
performed at an expanded DAP selection range of 0.5X, 1X, 
2X, 4X, 8X HGPC instead. We observed that only hrcA::Tn was 
significantly associated with slowed evolution when observing 
the progression of both HGPC, and HGPC fold-change over time 
(Figure 5a,b). However, when we calculated mutations rates, we 
found that hrcA::Tn was similar to wild-type (Figure 5c). Of the 
remaining transposon mutants, most displayed similar evolu-
tion profiles as the wild-type in terms of both HGPC and HGPC 
fold-change over time (Figure S5). The slight delay observed for 
lutA::Tn (lactate utilization protein) was due to a single outlier 
that evolved much slower than the rest (Figure S5a). Evolution 
of CRISPRi and overexpression mutants was not possible, due to 
plasmid insert loss during evolution despite maintenance of anti-
biotic selection pressure (data not shown). Hence, hrcA appears 
to play a major contributing role toward the slowed evolution in 
FtsH-LoF.

TA B L E  2  Proteomic changes in FtsH-LoF (wild-type p6his-FtsH(H456Y))a.

Gene Gene number (new; old ID) Identity Proteomic log2FC RNAseq log2FC

Depleted proteins

yckE RS05275;
OG1RF_11014

Beta-glucosidase −2.77 -

lysS RS01060;
OG1RF_10212

Lysine-tRNA ligase −2.69 -

pyrB RS07365;
OG1RF_11430

Aspartate carbamoyltransferase −2.54 -

lutA RS04635;
OG1RF_10886

Putative lactate utilization Fe-S protein;
homologous to B. subtilis lutA

−2.01 1.22

gelE RS07835;
OG1RF_11526

Gelatinase E −1.95 -

trePP RS12410;
OG1RF_12425

Glycosyl hydrolase −1.86 -

carB RS07350;
OG1RF_11427

Carbamoyl-phosphate synthase large 
subunit

−1.69 0.67

cryZ RS07135;
OG1RF_11383

Putative NADPH:quinone reductase −1.67 -

hrcA RS05580;
OG1RF_11076

Heat-inducible transcription repressor 
HrcA

−1.56 -

Accumulated proteins

arcB RS00500;
OG1RF_10100

Ornithine carbamoyltransferase 2.53 −0.89

RS08610 RS08610;
OG1RF_11679

Metal ABC transporter substrate-binding 
protein

1.14 −1.59

cls1 RS01975;
OG1RF_10364

Cardiolipin synthase 1 2.46 -

RS02510 RS02510;
OG1RF_10473

Amidase 2.36 -

aProteomic changes that are not correlated with transcriptomic differences are displayed. Short list of proteomic changes, which are common 
across membrane fractions and whole cell lysates. Refer to File S1e,f for full list of proteomic changes in membrane fractions and whole cell lysates 
respectively. Refer to File S1c for RNAseq data that was used to filter proteomic changes that were correlated with transcriptomic expression 
changes.
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F I G U R E  5  Disruption of HrcA and its target regulatory chaperones alters speed of DAPR acquisition. Mean highest growth permissive 
concentration (HGPC) of DAP across time from in vitro evolution to DAPR (HGPC of 512 μg/mL DAP) and corresponding fold-change of 
HGPC across time for (a, b) hrcA::Tn, and (e, f) chaperone mutants—ΔdnaK, dnaJ::Tn, groEL::Tn. Error bars indicate standard deviation from 
nine parallel lines of evolution for (a, b) and six parallel lines of evolution for (e, f). Evolution was performed using an expanded antibiotic 
selection range of 0.5X, 1X, 2X, 4X, 8X HGPC instead. (d) Model of the HrcA regulon, where HrcA negatively regulates the hrcA-grpE-dnaK-
dnaJ and groES-groEL operons. Created with BioRe​nder.​com. (c, g) Mean mutation rate with standard deviation of mprF mutants from three 
replicates from independent experiments assayed by the Luria-Delbrück fluctuation assay which measures phenotypic mutation rates. 
Comparisons were made for each mutant against the wild-type. Significance tested by permutation (10,000 shuffles within experimental 
groups to preserve the integrity of the experimental design) with Benjamini–Hochberg adjusted p-values to control false discovery in 
multiple comparisons.

http://biorender.com
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2.6  |  Chaperones downstream of the hrcA regulon 
alter evolution speeds

HrcA is a transcriptional repressor of chaperone operons—hrcA-grpE-
dnaK-dnaJ and groES-groEL—where it binds the conserved controlling 
inverted repeat of chaperone expression (CIRCE) element upstream 
of these operons (Schumann, 2016) (Figure 5d). From transcriptomic 
data of FtsH-LoF in the wild-type background, we indeed observed 
upregulation of grpE, dnaK, and groEL (Log2FC of 1.13, 1.53, 1.58 
respectively) in concert with the depletion of HrcA (File S1c). Hence, 
we reasoned that the depletion of HrcA could relieve transcriptional 
repression of these downstream chaperones, which could be 
contributing to the altered DAPR evolution speeds. dnaJ::Tn, ΔdnaK 
and groEL::Tn were subjected to in  vitro evolution using the same 
expanded DAP selection range as HGPC saturation at the upper 
limit of the assay occurred as described above (data not shown). 
We hypothesized that under FtsH-LoF, reduction of the repressor 
HrcA would result in upregulation of chaperones resulting in slowed 
evolution. Conversely, we expect that the loss of chaperone activity 
will result in a quickened evolution process.

However, unexpectedly, groEL::Tn displayed similar evolu-
tion profiles as the wild-type strain, while evolution of dnaJ::Tn 
and ΔdnaK were slowed when comparing DAP HGPC over time 
(Figure  5e). However, when accounting for the increased DAP-
sensitivity of dnaJ::Tn and ΔdnaK strains, with twofold lower DAP 
MIC than the wild-type (Table 1) by comparing HGPC fold-change 
over time, we observed that ΔdnaK strongly slows progression to 
DAPR, whereas dnaJ::Tn and groEL::Tn had a modest impact on evolu-
tion time (Figure 5f). These differences similarly cannot be explained 
by changes in mutation rate as they were similar across the strains 
tested (Figure 5g). Although we did not further investigate grpE and 
groES, we can expect evolution speeds to be similar to mutants of 
dnaK and dnaJ, and groEL respectively, since GrpE functions as a co-
chaperone together with DnaK and DnaJ, while GroES and GroEL 
are co-chaperones that function together in the same complex 
(Harrison, 2003; Hayer-Hartl et al., 2016). While the hcrA-regulated 
chaperones that we tested displayed opposing phenotypes to what 
was expected, we speculate that their combined effects together 
with other HrcA-regulated genes result in the observed slowed evo-
lution in loss of hrcA.

Since most of the strains that we observed slowed evolution to 
DAPR have increased DAP-sensitivity, it was plausible that increased 
DAP-sensitivity could be predictive of slowed evolution. To inves-
tigate this, we assayed mutants of the LiaFSR three-component 
system and cardiolipin synthase, which were previously shown 
to be more DAP-sensitive and are directly linked to DAPR (Arias 
et  al.,  2011; Miller et  al.,  2013). ΔliaR, ΔliaFSR, and cls1::Tn Δcls2, 
which display 2- to 16-fold lower DAP MIC than the wild-type, were 
evolved to DAPR (Table 1). Due to the drastically lowered initial DAP 
HGPC, ΔliaR and ΔliaFSR displayed slower HGPC progression over 
time while cls1::Tn Δcls2 displayed a similar profile to the wild-type 
(Figure  S6a). However, when considering the HGCP fold-change 
over time, surprisingly ΔliaR and ΔliaFSR displayed a much faster 

rate of evolution as compared to the wild-type strain while cls1::Tn 
Δcls2 was largely to wild-type (Figure S6b). Hence, increased DAP-
sensitivity does not always correlate with, nor does it predict, slower 
evolution to DAPR.

3  |  DISCUSSION

Treatment of Enterococcal infections has become increasingly 
challenging with the rise of antimicrobial resistance, including 
resistance to daptomycin, which is one of the drugs of last resort 
used to treat drug resistant infections such as vancomycin-resistant 
Enterococci (Patel & Gallagher, 2015). With E. faecalis contributing 
to the majority of Enterococcal infections, there is increasing 
interest to elucidate the factors driving DAPR in this species (Pfaller 
et  al.,  2019). Through a combination of in  vitro evolution assays 
and sequencing of DAPR isolates, previous efforts have revealed 
membrane remodeling, antimicrobial stress sensing, oxidative stress 
response, and drug efflux to contribute to DAPR (Arias et al., 2011; 
Khan et  al.,  2019; Miller et  al.,  2013; Mishra et  al.,  2012; Tran 
et al., 2015; Tran, Panesso, Mishra, et al., 2013).

However, less focus has been placed on factors affecting the 
speed of antibiotic resistance evolution, especially in the case 
of DAPR where slowing resistance acquisition could inform anti-
resistance strategies. Factors that broadly affect the propensity to 
evolve resistance to antibiotics have been well-described. These 
factors influence antibiotic resistance evolution through DNA-
repair machinery and stress response pathways, including the DNA-
damage-associated SOS-response, error-prone DNA polymerases, 
sigma factors, and the DNA translocase Mfd (Al Mamun et al., 2012; 
Boshoff et al., 2003; Erill et al., 2007; Merrikh & Kohli, 2020; Ragheb 
et al., 2019). Additionally, chaperones also provide buffering capac-
ity for the fitness cost of resistance mutations affecting protein sta-
bility (Aguilar-Rodríguez et  al.,  2016; Fay et  al.,  2021). Other than 
these general factors, there are others that specifically influence the 
evolution to DAPR. Recently, liaFSR was reported to affect the speed 
of DAPR evolution in E. faecium, where deletion of liaR significantly 
slows evolution suggesting that LiaFSR activation is the dominant 
pathway to DAPR in E. faecium (Prater et al., 2021). A synergistic ef-
fect of DAP with another antibiotic has also been reported to delay 
DAPR acquisition where the co-administration of DAP with fosfomy-
cin in S. aureus delayed the evolution to DAPR (Mishra et al., 2022). 
While some information on factors affecting evolution to DAPR 
exist, there is still limited mechanistic understanding at a genetic 
level for DAPR acquisition in Enterococci.

Apart from the few well-described mechanisms of DAPR in E. 
faecalis, here we report that the multiple peptide resistance factor 
(MprF) also plays some role in DAPR where the loss of mprF2 hy-
persensitizes the already DAP-sensitive OG1RF strain by further de-
creasing DAP MIC. Through in vitro evolution of the mprF mutants 
to DAPR to uncover novel mutations that might be otherwise masked 
by mprF activity, we discovered that evolution was slowed consider-
ably in ΔmprF1 ΔmprF2. Apart from this, by utilizing mutants of mprF, 
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we unmasked loss-of-function mutations (LoF) in ftsH observed only 
within the ΔmprF1 ΔmprF2 genetic background early in evolution 
(Figures 1d and 2a).

The effect of chaperones on accelerating protein evolution is 
well-documented and is likely the reason for the observed slowed 
evolution in their absence. The DnaK chaperone can provide mu-
tational robustness by buffering deleterious mutations that affect 
protein structure and function and has been described to buffer 
the fitness cost of mutations associated with rifampicin resistance 
in Mycobacteria (Aguilar-Rodríguez et al., 2016, Fay et al., 2021). A 
similar mechanism might be at play in E. faecalis such that loss of 
dnaK leads to slowed resistance evolution due to reduced ability to 
buffer mutations that affect protein stability. DnaK has also been 
implicated in central metabolism and carbon source utilization in E. 
coli (Anglès et al., 2017). This could similarly be the case for E. faeca-
lis, since we observed metabolic changes in terms of altered ability 
for extracellular acidification and metabolic reduction in the FtsH-
LoF mutants where chaperones are upregulated (Figure 3; File S1c). 
DnaK and its co-chaperone DnaJ might also be essential in relieving 
E. faecalis of metabolic constraints that might be introduced by mu-
tations accumulated through evolution.

Under FtsH-LoF, the resulting depletion of HrcA results in 
slowed evolution to DAPR. With HrcA being a chaperone operon 
repressor, it is expected that its depletion results in upregulation of 
downstream chaperones that contribute to this slowed evolution. 
Conversely, we would expect that disruption of these chaperones 
would enhance evolution instead. Unexpectedly, we instead ob-
served slowed evolution when the chaperone DnaK was disrupted, 
and to a lesser extent, when DnaJ and GroEL were disrupted. Hence 
at present, we do not yet fully understand how the depletion of 
HrcA enhances DAPR evolution. One possibility is that by using the 
reductive approach in deleting or disrupting individual chaperones, 
we are only probing their individual contribution to resistance evolu-
tion, which may not reflect the FtsH-LoF environment where multi-
ple chaperones are upregulated under HrcA depletion. Furthermore, 
given that chaperones are canonically known to promote evolution 
by stabilizing deleterious mutations in proteins, it is unlikely that 
they are the sole reason behind the slowed evolution under HrcA 
depletion. It is more likely that the involvement of chaperones in 
combination with other E. faecalis genes regulated by HrcA together 
result in the slowed evolution under HrcA depletion, which is a topic 
for further investigation.

Additionally, HrcA depletion is unlikely to be the sole reason 
for the observed slowed evolution under FtsH-LoF since ΔmprF1 
ΔmprF2 ftsH(G37X) displayed higher mutation rates and this was 
not observed for hrcA::Tn. It is possible that the other accumulated 
proteins under FtsH-LoF might also play a role in influencing evolu-
tion, but we were unable to investigate further due to plasmid stabil-
ity limitations in mimicking overexpression during in vitro evolution 
(Table  2). Additionally, with FtsH-LoF, there is a consequent de-
crease in HrcA, suggesting compensatory activation or upregulation 
of other proteases such as Clp that result in HrcA depletion. Another 
open question is the identity of these compensatory proteases that 

are responsible for HrcA depletion in FtsH-LoF. Nonetheless, our 
study provides evidence of the involvement of ftsH and hrcA in E. 
faecalis DAPR evolution that has not been previously described and 
presents them as potential targets for means of influencing evolu-
tion rates and anti-resistance strategies. We also provide evidence 
of an alternative route to DAPR involving protein quality control and 
chaperone regulation, apart from the well-described routes involv-
ing antimicrobial stress sensing and membrane remodeling.

Furthermore, we also discovered that differences in mutation 
rates and DAP-sensitivity of strains is not an accurate predictor of 
evolution profiles and speed of evolution to DAPR. This is exempli-
fied by the case of ΔmprF1 ΔmprF2 ftsH(G37X), which displayed 
a significantly higher mutation rate as compared to the parental 
control, and yet evolved at a much slower speed; as well as ΔliaR 
and ΔliaFSR, which displayed close to 16-fold lower MIC than the 
wild-type, and yet were able to evolve faster to DAPR based on fold-
change of DAP HGPC over time. It is possible in these cases that 
chaperone involvement, stress response systems, or other factors 
could be at play. Hence, it is important that assumptions on a strain's 
propensity to evolve resistance should not be solely made based on 
mutation rate and MIC information, and that direct investigation of 
evolution profiles be empirically evaluated.

Our study also revealed that FtsH is essential in the wild-type 
background but is dispensable in ΔmprF1 ΔmprF2. Several pro-
teins that were depleted or accumulated under FtsH-LoF could 
explain the reason for the slowed growth in the wild-type, namely 
the depletion of TrePP, LysS, and accumulation of a putative ami-
dase (RS02510). Since TrePP is a glycosyl hydrolase responsible for 
the hydrolysis of glycosidic bonds, particularly that of trehalose-6-
phosphate, and lysine-tRNA ligase is responsible for the ligation of 
lysine to tRNA, it is possible that reduced ability to break down com-
plex sugars and produce essential lysine-tRNA could be contributing 
to the growth defect. Furthermore, the absence of MprF that uti-
lizes lysine-tRNA as a substrate in ΔmprF1 ΔmprF2 could reduce the 
pressure of a limited lysine-tRNA pool allowing for normal growth 
under FtsH-LoF. Related to the growth defect, the accumulation of 
the putative amidase (RS02510) could also be contributing to the 
slowed growth, especially since amidases tend to play roles in cell 
division where they hydrolyze crosslinked peptidoglycan to allow for 
septation, dysregulation of this putative amidase could have similar 
effects (Do et al., 2020; Vollmer et al., 2008). Apart from growth-
related observations, FtsH-LoF in the wild-type also resulted in a 
significant increase in cell chaining, which could be mediated by 
the depletion of gelatinase E (GelE) under FtsH-LoF. Since gelati-
nases act to cleave autolysin to process it into its active form, the 
reduction in gelatinase E likely results in reduced autolysin activity 
resulting in dysfunctional cell division and increased cell chaining 
(Stinemetz et al., 2017). Furthermore, we have also shown that ArcB 
and RS02510 are substrates of FtsH, providing the first identifica-
tion of FtsH substrates in E. faecalis. Therefore, while ftsH loss is 
tolerated in ΔmprF1 ΔmprF2, it is essential in the wild-type, where 
its loss leads to a growth defect driven by altered metabolism and 
altered cell division.
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The reason behind the synthetic viability of FtsH-LoF in ΔmprF1 
ΔmprF2 is still not fully understood. Given the altered lipidomic and 
metabolic landscape of ΔmprF1 ΔmprF2 (Rashid et al., 2023), it is pos-
sible that this would provide a permissive environment to offset the 
deleterious effects of FtsH-LoF. This could be mediated through gly-
cosyl hydrolase (TrePP), where its disruption causes growth defects 
in the wild-type and is depleted in FtsH-LoF. However, TrePP is tran-
scriptionally up-regulated in ΔmprF1 ΔmprF2, possibility compensat-
ing for the TrePP loss under FtsH-LoF (Rashid et al., 2023). While 
not known to affect growth, transcriptional and proteomic expres-
sion of mprF2 was also increased in FtsH-LoF (Log2FC mprF2 = 0.54, 
MprF2 = 2.59), which could be off-set by mprF2 deletion in ΔmprF1 
ΔmprF2. While the picture is not yet complete, these findings hint 
toward an altered metabolic environment within ΔmprF1 ΔmprF2, 
which is an avenue for future investigation.

It is also important to note that while this study focuses on 
protein abundance and gene expression to guide investigation and 
data interpretation, protein localization and stability have yet to be 
considered. It is possible that contributing factors influencing both 
synthetic viability of FtsH-LoF in ΔmprF1 ΔmprF2 and progression 
to DAPR could associated with delocalization of important proteins 
that might have been missed with our current methodology that only 
takes into account protein abundance and gene expression levels. 
This is especially relevant since the ΔmprF1 ΔmprF2 strain is known 
to possess a drastically altered lipidome, which could hint to possible 
alterations in membrane microdomain organization and consequent 
protein localization (Rashid et al., 2023). Membrane microdomains 
are domains of different lipid composition within the cell membrane 
where cellular processes are organized (Barák & Muchová,  2013; 
Lopez & Koch,  2017). For instance, PBP2a in S. aureus, which is 
involved in β-lactam resistance, is organized within membrane mi-
crodomains that if disrupted, fail to properly oligomerize and conse-
quently leads to enhanced antibiotic sensitivity (García-Fernández 
et al., 2017). Hence, it is not implausible to hypothesize that a similar 
phenomenon could be occurring in our system as well, which pres-
ents an intriguing direction for future investigation. Additionally, it 
is important to acknowledge that some of the mutants used in this 
study are transposon mutants, and there is a formal possibility that 
polar effects of the transposon insertions might also be contributing 
to observed phenotypes. Ideally, unmarked chromosomal deletion 
mutants should be used in future investigations.

Taken together, we have demonstrated that FtsH is essential in 
wild-type E. faecalis, but loss of function is permissible in ΔmprF1 
ΔmprF2, which slows DAPR evolution through the indirect de-
pletion of HrcA and subsequent changes in regulatory flux of the 
downstream chaperone operons (Figure 6). Under FtsH-LoF in the 
wild-type background, the ability for metabolic reduction and ex-
tracellular acidification is reduced along with FtsH-LoF-associated 
changes in TrePP, LysS and amidase levels resulting in growth im-
pairment. Whereas in FtsH-LoF in ΔmprF1 ΔmprF2, growth is not 
affected, instead, HrcA is indirectly depleted by compensatory ac-
tion of other proteases. While the loss of HrcA results in slowed 
evolution, the contribution of downstream genes in the regulon, 

dnaK, dnaJ, and groEL does not fully explain the cause. It is likely 
that there is more complex higher-order regulation present involv-
ing other genes that results in a net decrease in evolution speeds. 
This study provides the first major characterization of FtsH both in 
terms of its substrates and its functional role in E. faecalis involv-
ing growth and metabolism, as well as the previously undescribed 
involvement in antibiotic resistance and resistance acquisition. The 
possibility of manipulating DAPR evolution by targeting FtsH, HrcA 
and chaperone presents an enticing opportunity for their utility as 
both a research tool and as possible candidates for development of 
anti-resistance strategies. This is especially the case for FtsH where 
its essentiality further highlights its potential as a therapeutic target.

3.1  |  Experimental procedures

Strains, growth conditions, growth kinetics, live/dead staining, RNA 
sequencing, and cloning methods are detailed in supplementary text.

3.2  |  In vitro evolution of E. faecalis to 
daptomycin resistance

The protocol was adapted from a previously published in  vitro 
evolution experiment done in E. faecalis V583 (Palmer et al., 2011). 
For each strain, multiple parallel lines of evolution experiment were 
performed. First, 100X dilutions of overnight bacterial cultures of 
each strain were made in BHI supplemented with 1.25 mM calcium 
chloride (Sigma, USA) (50 mg L−1 Ca2+) containing daptomycin (DAP) 
(Gold Biotechnology, USA) concentrations of 1X MIC, 2X MIC and 
4X MIC, and incubated at 37°C in static conditions for 22 to 26 h. 
Cultures of every evolution line were examined for visible bacterial 
growth. Bacterial cultures at the highest growth-permissive 
concentrations (HGPCs) are diluted 100X into fresh DAP-containing 
medium at 0.5X, 1X and 2X HGPC. This was repeated until HGPC 
of 512 μg/mL was achieved. Bacterial cultures were then passaged 
in plain BHI broth for 3 days to obtain stable mutants. Isolates were 
glycerol stocked each day in 25% v/v glycerol. Refer to Figure  S7 
for the schematic of the in  vitro evolution workflow. In instances 
where evolution profiles of the tested strains are consistently at the 
2X HGCP and are saturated at the upper HGPC limit of the assay, 
an expanded range of 0.5X, 1X, 2X, 4X and 8X HGCP is used for 
selection instead.

3.3  |  Whole-genome sequencing

Whole-genome sequencing was conducted on the glycerol stocked 
DAPR isolates from the wild type, ΔmprF1, ΔmprF2, ΔmprF1 ΔmprF2, 
and ΔmprF1 ΔmprF2 ftsH(G37X) backgrounds. Genomic DNA was 
extracted from overnight bacterial cultures using PureLink Genomic 
DNA Mini Kit (Thermo Fisher Scientific). Library preparation using 
MiSeq reagent kit v3 and whole-genome sequencing using MiSeq was 
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done by the sequencing facility of Singapore Centre of Life Science 
Engineering (SCELSE, Singapore). Library preparation using HiSeq 
reagent kit and whole-genome sequencing using HiSeq X was done 
for ΔmprF1 ΔmprF2 ftsH(G37X) DAPR isolates by SCELSE sequenc-
ing facility. Data were analyzed using CLC Genomics Workbench 
8.0. The complete OG1RF reference genome (NC_017316) from 
NCBI database was used for mapping and annotation. The thresh-
old variant frequency was set as 35%. Non-synonymous mutations 
within coding regions were filtered for. All structural variations were 
manually confirmed on the mapping track.

3.4  |  Minimal inhibitory concentration (MIC) by 
microplate dilution

Stationary phase cultures to be tested were grown until mid-log 
phase and normalized to OD600 of 0.7. MIC assays were performed 
in a 96-well plate as described previously (Wiegand et  al.,  2008), 
with the following modifications. Antibiotics were diluted in BHI 
or MHB II media supplemented with 1.25 mM calcium chloride 
(50 mg L−1 Ca2+), in 2-fold dilutions, from 256.0 μg/mL to 0.5 μg/mL of 

daptomycin. Cultures with daptomycin were incubated for 16–18 h 
at 37°C in static conditions before assessing for growth in the wells 
to estimate the MIC.

3.5  |  RNA sequencing

Sequencing of RNA was done from wild-type pMSP3535-6his-
ftsH(H456Y) and wild-type pMSP3535-ftsH(H456Y). Detailed 
methods are described in the supplementary text file.

3.6  |  FtsH proteomic analysis

Wild-type pMSP3535-6his-ftsH(H456Y) and wild-type pMSP3535-
ftsH(H456Y) strains were grown to mid-log phase and induced 
for expression of their respective plasmids' gene constructs with 
125 ng/mL of nisin for 16–18 h at 37°C in static conditions and 
cell pellets were harvested. The membrane fraction was isolated 
from the harvested pellets as previously described, resuspended 
with 100 μL of 50 mM Tris–HCl, pH 8.0, and boiled with 33.3 μL of 

F I G U R E  6  Model of FtsH's influence on speed of DAPR evolution and reduced growth in the wildtype. FtsH loss of function (LoF) 
indirectly leads to an increase in the Clp protease. This along with other proteases likely results in depletion of HrcA, which relieves 
repression of the chaperone operons (hrcA-grpE-dnaK-dnaJ and groES-groEL). Further investigation revealed that dnaK, dnaJ influence the 
speed of DAPR evolution. This combined with the extended regulatory effects of hrcA on other genes likely results in an overall combined 
effect of decreased evolution speed. FtsH-LoF also results in metabolic changes such as decreased ability for acidification and reductive 
metabolism that could be partly responsible for the reduced growth in the wild-type. Created with BioRe​nder.​com.

http://biorender.com
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NuPAGE® LDS Sample Buffer (4X) (Thermofisher, USA) and 10 μL 
of 1 M DTT (Maddalo et al., 2011). Samples were then run on SDS-
PAGE on a 4–12% NuPAGE® Bis-Tris mini gel in a XCell SureLock® 
Mini-Cell filled with MES SDS running buffer (Invitrogen, USA) until 
samples just entered the gel. Gels were then silver-stained by fix-
ing with 50% v/v methanol and 5% v/v acetic acid solution, sensitiz-
ing with 0.02% w/v sodium thiosulfate solution, silver-stained with 
0.1% w/v silver nitrate and 3% v/v formalin solution and developed 
using 2% w/v sodium carbonate and 1.5% v/v formalin solution. The 
concentrated protein band of each lane was excised and stored in 
Eppendorf tubes filled with water. Samples were then sent to the 
Taplin Mass Spectrometry Facility, Harvard Medical School, Boston, 
Massachusetts, USA, for peptide mass spectrometry and proteomic 
analysis. Peptide counts were normalized using tweeDEseq (TMM 
normalization) and statistics were done using Reproducibility-
Optimized Test Statistic (ROTS) (Esnaola et  al.,  2013; Suomi 
et al., 2017).

3.7  |  Mutation rate assay (Luria-Delbrück 
fluctuation assay)

Overnight stationary phase cultures were diluted 10, 000X in 40 mL 
of BHI supplemented with 1.25 mM calcium chloride (50 mg L−1 
Ca2+). 100 μL of diluted culture was then added into each well of 
a 96-well microtiter plate, sealed and incubated at 37°C in static 
conditions for 16–18 h. 24 wells from the plate were pooled followed 
by serial dilution and plating on non-selective BHI agar plate for 
CFU enumeration. This determines the average cell number (N). 
Whole volumes (100 μL) of each of the 72 wells/cultures were then 
transferred into wells of a 24-well microtiter plate containing 900 μL 
BHI supplemented with 1.25 mM calcium chloride and daptomycin 
(dilution was taken into account such that final daptomycin 
concentration is 3X MIC). Plates were incubated at 37°C in static 
conditions and observed for growth visually by the presence of 
turbid wells for up to 7 days. The fraction of wells/cultures with 
zero growth indicating zero mutant cells is defined as p0. The 
expected number of mutation events per culture (m) is calculated as, 
m = − ln

(

p0
)

. The mutation rate (μ) is calculated as: = m

N
.

To determine whether the differences in mutation rates between 
strains are statistically significant, we performed a permutation 
test with 10,000 iterations, shuffling data within each experimen-
tal group to preserve the integrity of the experimental design. The 
p-values were adjusted using the Benjamini–Hochberg method 
to control the false discovery rate (Benjamini & Hochberg,  1995; 
Good, 2013).

3.8  |  Alamar blue assay

Overnight cultures were normalized to OD600 0.5 in PBS and 
diluted 1:10. The ability to reduce the resazurin dye was measured 
using the AlamarBlue™ HS cell viability reagent (Thermoscientific, 

USA) according to the manufacturer's instructions. Antibiotic 
selection and nisin induction at 25 ng/mL nisin where required were 
maintained throughout the incubation period with the Alamar Blue 
reagent. Fluorescence was measured at 18 hours post incubation for 
strains containing the pPsrtA vectors, and 3 hours of postincubation 
for strains containing pPnisA vectors. The shortened incubation time 
for strains containing pPnisA vectors is due to the tendency for the 
fluorescence signal to saturate at 18 hours when antibiotic selection 
and nisin induction are present.

3.9  |  Seahorse assay

Mid-log phase cultures were washed once and normalized to 
OD600 0.7 in BHI. Cultures were then added to a Cell-Tak™ Cell 
and Tissue Adhesive (Corning, USA) coated XF96 cell culture 
microplate (Agilent, USA). Sterile media was added as blanks for 
background measurement. Microplate wells were coated with 25 μL 
of 22.4 μg/mL Cell-Tak™ prior to use according to the manufacturer's 
instructions. Plates were then centrifuged at 6000 × g for 15 mins to 
allow for cells to adhere to the bottom of the plate. A XFe96 sensor 
cartridge that has been soaked in calibration solution according to 
the manufacturer's instruction was first loaded into the Seahorse 
XFe96 Analyzer (Agilent, USA) for instrument calibration, followed 
by the microplate containing the adhered cultures. Cultures were 
then measured for their oxygen consumption rate (OCR) and 
extracellular acidification rate (ECAR) for 120 min at the following 
cycle settings: Mix—2 mins 30 s, Wait—0 min, Measure—4 min, no 
injection.
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